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ABSTRACT

Hydrothermal environments are important locales for carbon cycling on Earth and
elsewhere in the Universe. Below its maximum temperature (~73 °C), microbial
photosynthesis drives primary productivity in terrestrial hydrothermal ecosystems, which
is thought to be performed by bacterial phototrophs in alkaline systems and eukaryotic
algae in acidic systems, yet has received little attention at pH values intermediate to these
extremes. Sequencing of 16S and 18S rRNA genes was performed at 12 hot springs with
pH values 2.9-5.6 and revealed that cyanobacteria affiliated with the genus
Chlorogloeopsis and algae of the order Cyanidiales coexisted at 10 of the sites.
Cyanobacteria were present at pH values as low as 2.9, which challenges the paradigm of
cyanobacteria being excluded below pH 4. Presence of the carotenoid -cryptoxanthin in
only 2 sites and quantitative PCR data suggest that algae were inactive at many of the sites
when sampled. Spatial, but perhaps not temporal, overlap in the habitat ranges of bacterial
and eukaryal microbial phototrophs indicates that the notion of a sharp transition between
these lineages with respect to pH is untenable.

In sedimentary basins, biosphere-derived organic carbon is subjected to abiotic
transformations under hydrothermal conditions. Benzaldehyde was experimentally
evaluated as a model to assess the chemistry of aldehydes under these conditions. It was
first demonstrated that gold, a traditional vessel material for hydrothermal experiments,
caused catalysis of benzaldehyde degradation. Experiments in silica tubes were performed
at 250, 300, and 350 °C vyielding time-dependent data at several starting concentrations,
which confirmed second-order kinetics. Therefore, disproportionation was expected as a
major reaction pathway, but unequal yields of benzoic acid and benzyl alcohol were



inconsistent with that mechanism. Consideration of other products led to development of a
putative reaction scheme and the time dependencies of these products were subjected to
kinetic modeling. The model was able to reproduce the observed yields of benzoic acid and
benzyl alcohol, indicating that secondary reactions were responsible for the observed ratios
of these products. Aldehyde disproportionation could be an unappreciated step in the
formation of carboxylic acids, which along with hydrocarbons are the most common

organic compounds present in natural systems.
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l. INTRODUCTION

Water is an ubiquitous chemical compound on Earth and is essential for life. When
heated, liquid water exhibits properties quite different from those encountered at the
ambient surface conditions that are most familiar. Heated water leads to hydrothermal
conditions, which for the purposes of this dissertation shall be broadly defined as any
system containing water heated in excess of ambient conditions. Natural hydrothermal
environments, heated geothermally via heat flow from the mantle, exist at Earth’s surface
in both terrestrial and marine settings, creating conditions conducive to highly specialized
microbial life known as thermophiles. Thermophiles have evolved biochemically to cope
with the physical stresses of high temperatures and have temperature optima well above
ambient conditions. Numerous examples of thermophilic microbial communities exist in
the thermal features of Yellowstone National Park (YNP; Wyoming, USA) which exceed
12,000 in number (Nordstrom et al., 2005). In addition to temperature, the chemical nature
of hot water is relevant to microbes. For example, neutral pH at the boiling point for the
elevation of YNP (~93 °C) is ~6.2 due to the greater dissociation of water at elevated
temperatures, meaning that the commonly encountered hot springs with pH values of 7-8
are actually somewhat alkaline rather than neutral.

As water is heated further, conditions are eventually reached that are inconducive
to life. Such temperatures (> ~150 °C) are reached in sedimentary basins and other
subsurface environments on Earth. Though life is excluded, these hydrothermal conditions
have profound effects on the cycling of organic carbon derived from the biosphere. While
the elevated temperatures facilitate dramatically enhanced kinetics when compared with
ambient conditions, the properties of water also have important consequences. In addition
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to the aforementioned decrease in neutral pH, which reaches a minimum of ~5.6 around
250 °C, the dielectric constant decreases rapidly as temperature increases. For example, at
250 °C the dielectric constant is ~30 (Akiya and Savage, 2002), giving it solvent properties
comparable to ethanol at room temperature. Additionally, hydrogen bonding is less
prevalent at higher temperatures (Kruse and Dinjus, 2007). Thus, water is a more robust
solvent for organic compounds at elevated temperatures and may also facilitate acid/base
chemistry due to the higher activities of hydronium and hydroxide ions.

The effects of water on organic compounds under hydrothermal conditions are
profound. Numerous reactions of organic compounds have been observed in hot water
((Kuhlmann et al., 1994; Katritzky et al., 1996; An et al., 1997; Savage, 1999; Katritzky
et al., 2001), yet much remains to be done in order to gain kinetic and mechanistic
understanding of these reactions. This reactivity has implications for the formation and
evolution of petroleum and other fossil fuels, as well as for the alteration of biomass for
biofuel production (Kruse and Dahmen, 2015). Hydrothermal conditions may also
facilitate abiotic synthesis of organic compounds from inorganic precursors (Shock and
Schulte, 1998; McCollom and Seewald, 2007), which may support subsurface microbial
ecosystems.

This dissertation tackles several disparate questions regarding organic carbon under
hydrothermal conditions. First, the transition in primary production via microbial
photosynthesis between eukaryotes and bacteria is examined in mildly acidic hot springs
in YNP. Second, catalysis of benzaldehyde reactions by gold in hydrothermal organic
experiments is demonstrated, contradictory to conventional wisdom that gold offers an
inert surface for such experiments. Lastly, a thorough investigation of the hydrothermal
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chemistry of aldehydes is described, using benzaldehyde as a model compound, with
discussion of implications for transformations of organic carbon in natural systems.
1.1 Phototrophy in Mildly Acidic Hot Springs

Phototrophy in hot spring habitats is traditionally thought to be performed by
bacterial phototrophs in alkaline systems and by eukaryotic algae in acidic systems, yet has
received little attention at pH values intermediate to these extremes. Sequencing of 16S
and 18S rRNA genes was performed at 12 hot springs in Yellowstone National Park
(Wyoming, USA) with pH values ranging from 2.9 to 5.6 and revealed that cyanobacteria
affiliated with the genus Chlorogloeopsis and algae of the order Cyanidiales (phylum
Rhodophyta) coexisted in 10 of the sites. Cyanobacteria were present as low as pH 2.9,
which challenges the paradigm of cyanobacteria being excluded below pH 4. Sequences
associated with Chloracidobacterium thermophilum, an anoxygenic phototroph, were also
observed at 2 of the sites. The carotenoid B-cryptoxanthin, a biosynthetic intermediate, was
only found in the pigment extracts from 2 sites, suggesting Cyanidiales were only active
in those sites when sampled. Chlorophyll degradation products were identified at all sites;
no intact chlorophyll a was observed in 2 of the samples, which also did not exhibit light-
driven carbon fixation at the time of sampling. Quantitative PCR analyses confirmed that
cyanobacteria were more abundant than Cyanidiales by up to 3 orders of magnitude, with
algae only approaching cyanobacteria in abundance at the most acidic sites. Collectively,
these observations show that many of the algal sequences represent populations that were
no longer active.

Geochemically, these hot spring fluids are derived from hydrothermal vapor and
meteoric water and are therefore dilute and weakly buffered. Variability in the supply of
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meteoric water likely contributes to dynamic conditions at these sites, leading to transitions
in the phototrophic communities. Spatial, but perhaps not temporal, overlap in the habitat
ranges of bacterial and eukaryal microbial phototrophs indicates that the notion of a sharp
transition between these lineages with respect to pH is untenable.
1.2 Catalysis of the Cannizzaro Reaction by Bulk Gold

Though traditionally base-catalyzed, the Cannizzaro reaction of benzaldehyde was
shown to be catalyzed by bulk gold in superheated water. At 200 °C for ~48 hours, 0.1
molal solutions of benzaldehyde exhibited conversions that depended linearly on the
amount of gold present at low amounts of gold, but this trend reversed at the highest gold
loadings. Ratios of benzoic acid to benzyl alcohol greatly exceeded unity, increasing with
increasing amounts of gold. These observations were attributed to the reactivity of benzyl
alcohol in the presence of gold, which was proposed to react via cross-disproportionation
with benzaldehyde to yield toluene and benzoic acid, transitioning to benzyl alcohol
disproportionation resulting in toluene and the reformation of benzaldehyde at higher gold
loadings. Benzene was also formed via gold-catalyzed decarbonylation of benzaldehyde.
Turnover frequencies for both benzaldehyde (0.00013 s) and benzyl alcohol (0.0011 st)
were quite low and attributed to coagulation of the gold powder under the experimental
conditions. The concentration dependence of the yields of the major products indicated
aqueous benzaldehyde is involved at the rate-determining step. The gold-catalyzed
reactivity of organic compounds at conditions typical of hydrothermal experiments implies

that gold may not always be the most inert choice as an experimental vessel.



1.3 Kinetics and Chemistry of Aldehydes under Hydrothermal Conditions

Aldehydes represent an intermediate redox state of organic carbon and may be the
precursors to carboxylic acids, which together with hydrocarbons are the most common
organic compounds in natural systems. A model aldehyde, benzaldehyde, was subjected to
hydrothermal experiments (250-350 °C, saturation pressure) in clear fused quartz (CFQ)
autoclaves to assess the kinetics and mechanisms of the reactions leading to carboxylic
acids. The concentration dependence unequivocally demonstrates the kinetics are second-
order in benzaldehyde, consistent with the putative disproportionation reaction of
benzaldehyde, which is reminiscent of the base-catalyzed Cannizzaro reaction known at
lower temperatures. Arrhenius parameters for these rate constants trend well with
published values for the reaction under supercritical conditions from one study (Tsao et al.,
1992) though the activation energy is larger in the supercritical region. However, the pre-
exponential factor is approximately 4 orders of magnitude smaller than that derived from
another study under supercritical conditions (Ikushima et al., 2001). Additionally, fitting
the rate constants from this study with the Eyring equation yields an entropy of activation
(AS*) of -178 I mol™ K1, which is consistent with a bimolecular transition state at the rate-
limiting step. In contrast, the rates of Ikushima et al. (2001) yield a positive value of AS*,
which is inconsistent with the putative mechanism for the reaction. The change in
activation energy near the critical point for the decomposition of benzaldehyde indicates
that experimentally derived rates in subcritical, not supercritical, conditions should be used
for extrapolation to conditions where diagenesis, alteration, metamorphism, and other

hydrothermal processes of interest occur in natural systems.



An experiment with benzaldehyde-carbonyl-**C analyzed by C-NMR
demonstrated the production of benzyl alcohol, benzoic acid, and carbon dioxide, though
the yields of benzoic acid and benzyl alcohol were not equal, as expected for the
disproportionation reaction. It was therefore necessary to consider secondary reactions that
would lead to unequal yields of benzyl alcohol and benzoic acid. Benzene and carbon
dioxide are primarily produced via decarboxylation of benzoic acid, the rates of which were
measured in separate experiments at 300 °C and 350 °C. Benzyl alcohol undergoes facile
dehydration to yield the stable benzyl cation, which acts as an effective electrophile in
electrophilic aromatic substitution reactions. These and other pathways invoked from the
product suites of the experiments were developed into a plausible reaction scheme and their
time dependencies were subjected to kinetic modeling. The kinetic model was able to
reproduce the observed vyields of benzyl alcohol and benzoic acid, indicating that
disproportionation and subsequent secondary reactions were able to explain the observed
product yields. Experiments at different starting pH values demonstrated that while the
reaction can be catalyzed by hydroxide, as traditionally understood, at lower pH water
serves as the nucleophile for hydrate formation, which then donates hydride to another
benzaldehyde molecule in the rate-limiting step. It is expected that most aldehydes are able
to undergo disproportionation, and if present in natural systems, could be the precursor to
carboxylic acids. The formation of aldehydes from an alkane requires oxidation of a
primary alcohol, which would arise via anti-Markovnikov hydration of the corresponding
alkene. Though this pathway is less favorable than Markovnikov hydration, which leads to
a ketone, on geologic time scales it could be a viable pathway toward metastable carboxylic

acids.



. PHOTOTROPHY IN MILDLY ACIDIC HOT SPRINGS: WHERE BACTERIAL
AND EUKARYOTIC PHOTOTROPHS MEET AT THE LIMITS OF
PHOTOSYNTHESIS

2.1 Introduction
Microbial photosynthesis is a major contributor to primary production in many

aquatic environments. To date, photosynthesis is found in two of the three domains of life,

occurring in the bacteria and eukarya while being absent in the archaea (Blankenship,

2014). In aquatic systems, microbial phototrophs from both domains commonly exist

together in the same habitat. For example, diatoms often occur together with

Prochlorococcus and Synechococcus cyanobacteria in oligotrophic ocean regions (Biller

et al., 2015). In contrast, terrestrial hot springs are environments that span both

temperatures and chemical conditions, such as pH, that cross the boundaries of the habitat
ranges for specific groups of phototrophs. The distribution of hot springs with respect to
pH exhibits a bimodal distribution (Figure 1), which has been demonstrated in Yellowstone

National Park (YNP) and elsewhere (Brock, 1971; Brock, 1978; Nordstrom et al., 2009;

Amenabar et al., 2015). This distribution is a consequence of two prevailing buffering

systems, with alkaline hot springs being bicarbonate buffered and acidic systems being

sulfuric acid buffered.

Recent efforts to catalog the distribution of phototrophic microbes with respect to
extremes of physical and chemical conditions in YNP hot spring habitats have confirmed
an upper temperature limit for phototrophy near 73 °C that is reached in alkaline
environments, while acidic environments exhibit lower temperature maxima (Boyd et al.,
2010; Cox et al., 2011; Boyd et al., 2012; Hamilton et al., 2012). The upper temperature
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Figure 1. Abundance of thermal features in Yellowstone National Park with respect to their
pH values. Data were obtained from an extensive survey of Yellowstone hot springs
(www.rcn.montana.edu). Springs are binned every 0.5 pH units and plotted at the midpoint
of each pH interval.



limit in alkaline locations is reached only by certain strains of cyanobacteria of the genus
Synechococcus (Brock, 1967; Brock and Brock, 1968; Brock, 1978). Isolates from alkaline
mats in Yellowstone exhibit several phylotypes, each with highly specialized temperature
niches (Allewalt et al., 2006). At cooler temperatures that are typically encountered further
downstream in outflow channels of alkaline hot springs, a variety of other bacterial
phototrophs flourish. These include other cyanobacteria such as Mastigocladus laminosus
(Miller et al., 2006; Miller et al., 2009) and green non-sulfur bacteria such as Chloroflexus
auranticus (Pierson and Castenholz, 1974; Brock, 1978) and Roseiflexus sp. (Boomer et
al. 2002), which is more abundant than C. auranticus in molecular surveys of these
communities (van der Meer et al., 2010). A preponderance of evidence suggests that
anoxygenic bacteria grow photomixotrophically in these systems, inhabiting mat layers
beneath a thin top layer of cyanobacteria and utilizing light wavelengths in the near-
infrared not used by oxygenic phototrophs (Bauld and Brock, 1973; Brock, 1978; van der
Meer et al., 2005; Klatt et al., 2007; Klatt et al., 2013). Alkaline springs with high sulfide
concentrations have been described that harbor populations of anoxygenic phototrophs able
to employ sulfide as an electron donor, such as Thermochromatium tepidum (Madigan,
1984; Madigan, 1986).

In contrast to alkaline systems, phototrophic communities in acidic environments
are dominated by eukaryal phototrophs. Doemel and Brock surveyed these systems
extensively and concluded that one species of red algae (phylum Rhodophyta), Cyanidium
caldarium, was the only phototroph present above 40 °C at locations below pH 4 (Doemel,
1970; Doemel and Brock, 1970; Doemel and Brock, 1971; Brock, 1978). This conclusion
is based on the absence of other algae growing above ~40 °C, together with observations
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of an apparent lack of cyanobacteria below pH 4 in both thermal and non-thermal
environments (Brock, 1973). Below ~40 °C a variety of other algae are commonly present,
including Chlorella, Chlamydamonas, Euglena, and diatoms (Doemel and Brock, 1971).
With the advent of molecular biology and its application to microbial ecology, it became
clear the organism studied by Doemel and Brock in Yellowstone aquatic environments was
Cyanidioschyzon merolae of the order Cyanidiales within the phylum Rhodophyta (Toplin
et al., 2008), which is the only species of these algae found in aquatic environments
(Skorupa et al., 2013). The upper temperature limit for these algae, and thus for
phototrophs in general in acidic conditions, is 56 °C (Doemel and Brock, 1970).

This dichotomous view of microbial phototrophs in hydrothermal environments,
that algae dominate in acidic features and cyanobacteria dominate in circumneutral and
alkaline features, has been left largely untested in the half-century since the observations
of Brock and colleagues. Cyanobacteria have been observed under mildly acidic, thermal
conditions as low as pH 4 (Brock, 1973), while Cyanidiales isolates from Yellowstone can
grow at pH values approaching 5, above which no growth is observed (Doemel and Brock,
1971). Based on these observations, the habitat ranges for algae and cyanobacteria in
thermal environments overlap with respect to pH. Indeed, Brock observed both
cyanobacteria and algae present between pH 4 and 5 in the mixing zone created when the
effluent from alkaline springs meets the acidic Obsidian Creek in Yellowstone (Brock,
1973; Brock, 1978). Nevertheless, studies to date have not yielded adequate data to further
investigate the potential coexistence of algal and cyanobacterial photosynthesis in thermal
environments, in spite of including some sample locations within the pH range 4-5. While
Doemel (1970) noted cyanobacteria in locations where Cyanidiales were absent based on
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microscopic observation, it is quite possible cyanobacteria could go unnoticed, especially
at sites where algae were identified. Later studies focusing on Cyanidiales relied on
sequencing of 18S rRNA and rbcL genes of cultures (Toplin et al., 2008) or amplified and
sequenced rbcL genes from natural samples using Cyanidiales-specific primers (Skorupa
et al., 2013). Cyanobacteria present in the natural system likely would not be enriched for
in culture at the pH used (2.0) and amplification of cyanobacterial rbcL genes was not
reported. Hamilton et al. (2012) examined the habitat range of phototrophs, yet the gene
they employed, chlL, is not present in C. merolae, thus they were not able to determine the
distribution and abundance of Cyanidiales and observations of algae were limited to
members of the order Bangiales in several acidic locations below 40 °C. Recently, several
studies have examined the composition of phototrophic communities in Yellowstone hot
springs using metagenomic techniques or amplification of ribosomal genes using universal
primers, but these studies did not examine any locations below pH 6.2, nor did they
investigate eukarya (Ross et al., 2012; Swingley et al., 2012; Klatt et al., 2013).
Observations of algae and cyanobacteria at temperatures above 40 °C reported in
the literature are depicted in pH and temperature space in Figure 2. It is evident that
separate observations of algae and cyanobacteria have been made between pH 4 and 5, yet
the data in this pH range is sparse. This paucity of data is exacerbated by the rarity of
thermal features within this pH range, as illustrated in Figure 1. This study targets
Yellowstone hot springs with a pH range from approximately 3 to 6 with temperatures
conducive to photosynthesis, indicated in Figure 2. Sequencing of 16S and 18S ribosomal
RNA genes (targeting bacteria and eukarya, respectively) is integrated with pigment and
geochemical analyses in order to characterize the composition of phototrophic microbial
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Figure 2. Literature observations of cyanobacteria (filled circles) and algae (open symbols)
in thermal aquatic locations with respect to in situ temperature and pH. For algae, circles
indicate sequencing-based confirmation of algae while triangles indicate confirmation via
microscopy or culturing; all cyanobacteria data are from sequencing. Data are derived
from: Doemel, 1970; Brock, 1973; Papke et al., 2003; Toplin et al., 2008; Boomer et al.,
2009; Meyer-Dombard et al., 2011; Hamilton et al., 2012; Loiacono et al., 2012; Klatt et
al., 2013; Schubotz et al., 2013; Skorupa et al., 2013. Red crosses denote samples from
this study. Empirical ‘fringe’ curves for cyanobacteria (heavy dashes) and algae (light
dashes) are drawn to encompass the data. The cyanobacteria curve is not extended below
pH 4 due to lack of evidence for cyanobacteria below this pH in thermal environments.
The algae fringe is drawn as a line and not extended above pH 4.5 because of the lack of
data for algae in thermal environments above this pH. In cases where multiple observations
were made of the same system, such as in outflow channels, only the highest temperature
observation is plotted. Similarly, the highest temperature is plotted when a temperature
range is reported for a particular sample location.
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communities where the habitat ranges of phototrophs from each domain overlap and their
geochemical setting. Several sites below pH 4 were also included to further examine the
transition from putatively algae-only phototrophic systems to those also containing
cyanobacteria, as there is a growing body of observations of cyanobacteria in acidic, low
temperature environments (Steinberg et al., 1998; Hamilton et al., 2012; Hao et al., 2012;
Urbieta et al., 2015) that challenge the paradigm of cyanobacteria being excluded below
pH 4 (Brock, 1973). This study aims to determine under what, if any, conditions both
thermophilic cyanobacteria and algae coexist, which is a fundamental issue with respect to
the habitat range of phototrophs that has been nearly completely unaddressed. The
geochemical processes yielding environments of intermediate pH may have facilitated
niche differentiation between these two lineages of phototrophs at the edges of their habitat
ranges, or competition may prevail, as both cyanobacteria and algae fulfil the same niche
metabolically via the same biochemical pathways. This ecological question undoubtedly
has evolutionary implications, and could lead to novel insights into the endosymbiotic
evolution of algae from a cyanobacterial precursor, an event that could have occurred in a
thermal environment where cyanobacteria and a non-phototrophic eukaryote coexisted.
2.2 Materials and Methods
2.2.1 Field Sites and Sample Collection

The sample sites in this study are located within the Midway Geyser Basin and
southern portion of the Lower Geyser Basin of YNP. Though these areas are known to
harbor primarily alkaline features, several springs have been observed to have pH values
within the range of interest here (~3-6) and many of these appear to support phototrophic
communities. Specifically, several pools were sampled adjacent to Imperial and Spray
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Geysers in the southwest portion of Lower Geyser Basin, as well as many features in the
area of Rabbit Creek within Midway Geyser Basin between July 2011 and July 2012. In
total, 12 sites were studied; two locations were sampled in both years to begin to evaluate
temporal variability. GPS coordinates and sampling dates for each site are reported in Table
1.

Samples for DNA, pigment, and elemental analysis were collected with sterilized
spatulas or forceps, placed in sterile specimen containers and then aliquoted to cryovials
and immediately frozen in the field by storing them in insulated containers with dry ice.
Samples designated for DNA extraction contained 0.8 mL of sucrose lysis buffer (Mitchell
and Takacs-Vesbach, 2008). Upon return from the field each day, DNA and pigment
samples were transferred to dry shippers charged with liquid nitrogen (approximate
temperature, -150 °C) and transferred to a -80 °C freezer upon return to the laboratory for
storage until sample processing. Samples for elemental analysis were stored at -20 °C at
the end of each sampling day and maintained at that temperature until analysis.

Water sampling and field measurements were conducted as closely as possible to
the site of biological sampling and were typically performed immediately prior to
collection of samples for DNA, pigments, and elemental analysis. Measurements of pH
were performed with a WTW pH meter (model 3300i or 3110) and temperature-
compensated WTW probes constructed with a gel electrolyte that are calibrated daily at
ambient temperature with buffered pH solutions. Specific conductivity (i.e., conductivity
normalized to 25 °C) and temperature were measured using a YSI model 30 meter.
Dissolved oxygen and total dissolved sulfide were determined colorimetrically (HRDO and
methylene blue methods, respectively) in the field using Hach 2400 or 2800 portable

14



Table 1. Sample dates, locations, charge balance results, conductivities, and water isotopes

ifi 18 2,
Sample ID*  Easting®  Northing Field Cozrected % charge g%zcdlazctivity é/SCIB/IO\G\) slgMO@
pH pH imbalance (uS/cm) (%) (%)
FF1 120720KF 513469 4929044 330 3.28 -1.25 462 -4.8 -108.3
1G1 110918R 509797 4930939 3.78 3.96 2.92 365 -8.5 -123.2
1G2 120722TE 509794 4930931 3.13 3.32 135 606 -5.4 -111.0
IG3 120722TK 510064 4930948 3.26 291 -127 914 -14.1 -1274
RN1-2011 110708C 515110 4929721 394 464 221 69.5 -14.9 -137.7
RN1-2012 120718TJ 515110 4929721 491 5.10 1.45 96.7 -15.3 -138.2
RN2 110708D 515110 4929727 464 457 -0.892 59.0 -12.7 -133.2
RN3 120718TL 515045 4929810 443 4.01 -4.17 351.8 -11.7 -131.0
RS1 120713TI 515138 4928593 4.80 5.07 2.99 274.4 9.1 -124.0
RS2 120713TL 515125 4928566 4.50 4.30 -2.55 171.4 9.3 -123.4
RS3 110710Y 515146 4928521 487 543 9.25 155.3 -12.9 -127.8
RS4 110710D 515145 4928523 424 554 39.9 117.1 -15.3 -139.8
RS5-2011  110720F1 515129 4928550 3.80 3.82 0.908 165.8 -135 -134.2
RS5-2012  120713TJ 515129 4928550 452 5.12 141 224.3 -13.3 -134.8

3sample codes are in YYMMDD format. "UTM coordinates, all in zone 12T. “field pH corrected to achieve
charge balance (see methods).

15



spectrophotometer and Hach reagents on unfiltered water samples. Hach
spectrophotometers and reagents were also employed for the measurement of aqueous
silica (silicomolybdate method) except these analyses were performed on 0.2 micron-
filtered water samples, described below.

Water samples for laboratory analyses were filtered with a series of Supor (Pall
Corporation) filters down to 0.2 microns and preserved in bottles designated for various
analyses. Samples for water isotope determinations were collected in 30 mL Quorpak
square bottles with polymer-lined caps to ensure gas-tight storage. The bottle were rinsed
with deionized water and dried prior to use; water isotope samples were stored at room
temperature until analysis. Samples for ion chromatography (2 per site) were filtered into
30 mL HDPE Nalgene bottles, which had been thoroughly soaked and rinsed with multiple
aliquots of deionized water, and frozen at -20 °C at the end of each sampling day and kept
frozen until analysis. Samples for dissolved inorganic carbon (DIC) were preserved in acid-
washed 40 mL amber glass vials with black butyl rubber septa. The filtering apparatus
consisted of a 140 mL plastic syringe and caulking gun to facilitate filtering. Sample water
was collected in 1 L HDPE bottles and loaded into the syringe via plastic tubing and a 3-
way stopcock. The entire apparatus was rinsed with at least 100 mL of sample prior to
filtering into sample bottles.

2.2.2 Geochemical Analyses

Concentrations of major anions (F, CI-, SO4*, NOs") and major cations (Li*, Na*,
K*, Ca®*, Mg?*, NH4") were determined on separate Dionex DX-600 ion chromatography
systems using suppressed conductivity detection and operated by Chromeleon software
(version 6.8). The anion system employs a potassium hydroxide eluent generator, a
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carbonate removal device, and AS11-HC/AG11-HC columns. The hydroxide
concentration of the eluent is held isocratically at 5 mM for 5 minutes, followed by a non-
linear (Chromeleon curve 8) hydroxide concentration gradient applied over 31 minutes,
after which the column is reequilibrated at 5 mM hydroxide for 10 minutes before the next
sample injection. The eluent flow rate is held constant at 1.0 mL/min. The cation system is
equipped with CS-16 and CG-16 columns and cations are eluted isocratically with 19 mM
methanesulfonic acid (MSA) at 0.5 mL/min. Samples for cations were acidified with 6 N
MSA to approximately 19 mM final concentration. Both systems are plumbed with an
external source of deionized water for suppressor regeneration to improve the signal-to-
noise ratio of the analyses. Injection volumes are 100 pL and 75 pL for anions and cations,
respectively. Quantification is achieved externally via calibration curves constructed from
a series of dilutions of mixed ion standards (Environmental Express, Charleston, SC,
USA). Quantification accuracy is verified daily by analysis of an independent mixed ion
standard (Thermo Scientific, Waltham, MA, USA). Uncertainties in reported ion
concentrations are estimated to be +/- 5%.

Analyses of DIC were conducted using an Ol Wet Oxidation TOC analyzer coupled
to a Thermo Delta Plus Advantage mass spectrometer as previously described (Havig et
al., 2011). The DIC in each sample was converted to CO> by addition of phosphoric acid.
The ion chromatogram for the CO. molecular ion (44 m/z) was used for quantification of
CO2 via comparison to calibration curves constructed with sodium bicarbonate standards
encompassing expected concentrations. Water isotopes were determined on a Los Gatos
water isotope analyzer that employs cavity ring down spectroscopy. The isotope ratios were
standardized with isotope standards encompassing the range of the natural samples.
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2.2.3 Correction of pH and Speciation

The major ion data and the DIC data were used with the geochemical speciation
code EQ3/6 (Wolery and Jarek, 2003) to speciate each aqueous fluid and assess charge
balance using activity coefficients calculated with an extended Debye-Htckel equation and
equilibrium constants derived from the revised Helgeson-Kirkham-Flowers equation of
state (Shock et al., 1997; Sverjensky et al., 1997). Several of the samples (particularly
RN1-2011 and RS4) exhibited charge imbalances (expressed as percent of the mean
charge, as defined by Nordstrom et al., 2009) in excess of 20%, which is believed to
indicate faulty pH probes in use at the time of sampling. Since hydrogen ions are nearly at
the same order of magnitude concentration as the major solutes in these samples, the pH
measurements were corrected to achieve charge balance, as indicated in Table 1. These
corrected values are believed to be closer to the actual pH of each hot spring at the time of
sampling. The DIC concentrations were speciated using the corrected pH values.
2.2.4 DNA Extraction and Ribosomal Gene Sequencing

Samples preserved for DNA extraction were thawed and mat material (~0.5 g) was
transferred aseptically to Lysing Matrix E tubes supplied with the FastDNA Spin Kit for
Soil (MP Biomedicals, Santa Ana, CA, USA). Extraction was performed according to the
manufacturer’s instructions except that 250 pL of the phosphate buffer was replaced by
250 pL of tris-buffered phenol (pH 8; Sigma-Aldrich, St. Louis, MO, USA), which is a
slight modification of previously described procedures (Boyd et al., 2007). Extracted DNA
was quantified using the PicoGreen dsDNA assay Kit (Invitrogen, Carlsbad, CA, USA) and

a Mx3005P QPCR System (Agilent Technologies, Inc., Santa Clara, CA, USA) operating
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in quantitative plate read mode with the FAM filter set (492 nm excitation; 516 nm
emission).

Bacterial 16S rRNA and eukaryal 18S rRNA genes were amplified via polymerase
chain reaction (PCR) from ~5 ng of genomic DNA using primers 1100F/1492R (annealing
temperature of 55 °C) and A7F/570R (annealing temperature of 42 °C), respectively, as
previously described (Hamilton et al., 2013). PCRs were subjected to an initial
denaturation (4 min., 94 °C) followed by 35 cycles of denaturation (1 min., 94 °C),
annealing (1 min., specified annealing temperature), and extension (1 min., 72 °C). A final
extension step was performed at 72 °C for 20 min. The PCR was verified via
electrophoresis using a 1% agarose gel. All 14 DNA extracts yielded eukaryal 18S rRNA
gene amplicons while 13 of the 14 DNA extracts (exception being RS5-2012) yielded
bacterial 16S rRNA gene amplicons. Amplicons were purified using the Promega Wizard
PCR purification system (Madison, WI), quantified via the Qubit DNA Assay kit (Life
Technologies, Grand Island, NY) and a Qubit 2.0 Fluorometer (Life Technologies), and
sequenced using an lon Personal Genome Machine (Life Technologies).

Post-sequencing processing was performed with Mothur (ver. 1.25.1; Schloss et al.,
2009) as previously described (Hamilton et al., 2013). Raw bacterial 16S rRNA and
eukaryal 18S rRNA gene libraries were trimmed to a maximum length of 